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1. Introduction
Natural evolution has yielded enzymes that cata-

lyze virtually all metabolic reactions under mild
conditions with high specificities and enormous rate
enhancements.1 It has been a major goal of biochem-
istry for almost a century to understand the chemical
and molecular principles that underlie this remark-
able catalytic power and versatility.2,3 During the
past decades, the use of recombinant DNA technology
has provided new insights into the structure-func-
tion relationship of enzymes. It allows us to produce
large amounts of protein for X-ray crystallography
or multidimensional NMR spectroscopy and to test
the catalytic role of individual amino acids by site-
directed mutagenesis. The recent advent of complete
genome sequences and of bioinformatics tools to

analyze them enhances the chance to discover novel
enzymes and to gain insights into their natural
evolution.4,5 Moreover, new methods of directed labo-
ratory evolution have the potential to tailor enzymes
for their use in industrial processes.6,7

The (âR)8-barrel, which was found first in triose-
phosphate isomerase8 and therefore is also known as
TIM barrel, is the most common enzyme fold. The
latest release (February 2005) of the SCOP database
(http://scop.mrc-lmb.cam.ac.uk/scop/) lists 378 differ-
ent (âR)8-barrels, and about 10% of all proteins with
known three-dimensional structure contain at least
one TIM barrel domain. Hence, (âR)8-barrels provide
an excellent model to address the function, stability,
and evolution of enzymes. This review begins with a
general description of the topology of the (âR)8-barrel
fold, its distribution in nature, and some of its most
remarkable catalytic performances. We then discuss
the mechanisms by which (âR)8-barrels can acquire
high (thermo-)stability and what is known about the
folding pathway from the unstructured polypeptide
chain to the native structure. Attempts to design new
(âR)8-barrels are presented, including experiments in
which the evolution of (âR)8-barrels from (âR)4-half
barrels was mimicked. Moreover, structural and
mechanistic evidence are provided for the evolution
of a large fraction of the known (âR)8-barrels from a
common ancestor. Finally, directed laboratory evolu-
tion is described that generated (âR)8-barrel enzymes
tailored with respect to turnover numbers, substrate
spectra, and enantioselectivities. We focus mainly on
work of the last 5 years, but earlier literature will
be cited where relevant. Although we try to cover the
field in a comprehensive manner, we refer the reader
to some recent reviews that discuss specific aspects
of the structure and evolution of (âR)8-barrel enzymes
in more detail.9-14

2. Structure
The canonical (âR)8-barrel contains about 200

amino acids and is composed of eight units, each of
which consists of a â-strand and an R-helix that are
connected by a âR-loop. The individual units are
linked by Râ-loops (Figure 1a). The eight â-strands
form a curved central parallel â-sheet, the barrel,
which is surrounded by the R-helices (Figure 1b). The
strands are tilted by approximately 36° with respect
to the principal barrel axis leading to a staggered
â-sheet with a shear number of 8, which denotes a
shift of eight residues when moving around the barrel
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by one turn.15,16 Within the core of the barrel, side
chains form three to four layers perpendicular to the
principal barrel axis. Each layer consists of four
alternating residues from the odd- (1, 3, 5, 7) or the
even-numbered (2, 4, 6, 8) â-strands, which creates
a 4-fold symmetry (Figure 1c). In all known (âR)8-
barrel enzymes, the catalytically active residues are
located at the C-terminal ends of the â-strands and
in the âR-loops (“catalytic face”), while residues
maintaining the stability of the fold are found in the
core and on the opposite end of the barrel, which
includes the Râ-loops (“stability face”; Figure 1b).17

This arrangement allows one to change catalytic
activities without compromising stability, which is

important for both natural and directed evolution
(see sections 7 and 8).

The (âR)8-barrel fold does not appear to be dictated
by details of sequence but rather by general charac-
teristics such as the overall distribution of polar and
nonpolar or charged residues. This finding is reflected
in the overall low sequence conservation among (âR)8-
barrels, which can make it difficult to detect evolu-
tionary relatedness. Nevertheless, structure-based
sequence alignments reveal clusters of similar resi-
dues at topologically equivalent positions that could
direct and stabilize the common (âR)8-barrel folding
pattern.18 Besides their common characteristics, (âR)8-
barrel structures are geometrically diverse.11 The loss
of hydrogen bonds between adjacent â-strands can
lead to distortions of the barrel structure, as, for
example, observed in a bacterial phosphatidylinositol-
specific phospholipase C,19 but deviations from the
canonical topology are also known. For example,
quinolinic acid phosphoribosyltransferase,20 certain
cellulases,21,22 and flavoprotein 39023 contain only
seven â-strands. Enolases consist of a ââRR(âR)6-
barrel domain, in which the direction of the first
R-helix is reversed with respect to the other helices
and the second â-strand runs antiparallel to the other
strands, plus an R + â capping domain that is formed
by the N- and C-termini of the protein.24 The PLP-
binding barrel starts with an R-helix and ends with
a â-strand, which is probably the consequence of a
circular permutation in the course of its evolution.13

Furthermore, âR-loops often contain insertions with
additional secondary structure elements.

About two-thirds of the known TIM barrels are
single-domain proteins.11 However, many (âR)8-bar-
rels assemble to homooligomers, and others are part
of multienzyme complexes with complicated reaction
mechanisms involving channeling of substrates. Ex-
amples are tryptophan synthase,25,26 glutamate syn-
thase,27 and imidazoleglycerol phosphate synthase.28,29

3. Function

3.1. Range of Catalyzed Reactions
With few notable exceptions such as the storage

proteins narbonin30 and concavalin B,31 all known
(âR)8-barrels are enzymes. They cover five of the six
classes as defined by the Enzyme Commission (EC),
acting as oxidoreductases, transferases, lyases, hy-
drolases, and isomerases.11,16 Overall, hydrolases
(especially glycosidases) are the dominating class,
comprising about half of the known TIM barrels
(Figure 2a).11 Of the more than 60 reactions per-
formed by (âR)8-barrels, 85% are involved in energy
metabolism, macromolecule metabolism, or small
molecule metabolism (Figure 2b).11

A large fraction of the (âR)8-barrels require the
presence of organic cofactors such as FMN, NADP,
or PLP, and about half of them use divalent metal
ions for catalysis.12 Whereas the Mg2+-binding ligands
are conserved in the enolase superfamily (see section
7), the other (âR)8-barrels are specific but diverse in
terms of position, type, and number of metal ions and
their ligands. A very common active site motif is a
phosphate binding moiety, as about two-thirds of the
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established (âR)8-barrels have substrates or cofactors
with at least one phosphate group.11

It has been postulated that local microdipoles of
individual R-helices32 and global dipolar electrostatic
field patterns along the barrel axis created by the
combined contribution of R-helices33 create a positive
potential at the catalytic face of (âR)8-barrels (Figure
1b). The side chains appear to enhance the electro-
static field and focus it into a specific area near the
active site, which could explain the preference of
(âR)8-barrel enzymes for negatively charged metabo-
lites.33 It has also been shown that phylogenetic
motifs (short sequence motifs that parallel the overall
phylogeny of a protein family) correspond to active
site electrostatic networks within different (âR)8-
barrel families, indicating that conserved electro-
static properties are crucial for fine-tuning of cataly-
sis.34,35

3.2. Selected Examples of Reaction Mechanisms

Of the many (âR)8-barrels for which catalytic
mechanisms have been studied, three prominent
examples will be discussed here in more detail. These
are triosephosphate isomerase (TIM), orotidine-5′-
monophosphate (OMP) decarboxylase, and ribulose-

1,5 bisphosphate carboxylase (rubsico), which are
among the most remarkable known enzymes with
respect to importance, efficiency, and abundance.

Thirty years ago, TIM was the first enzyme for
which the (âR)8-barrel structure was detected.8 It
catalyzes a central reaction within glycolysis, namely,
the reversible interconversion of the ketose dihy-
droxyacetone phosphate (DHAP) and the aldose
glyceraldehyde-3-phosphate (GAP). Formally, a pro-
ton is transferred from carbon 1 to carbon 2. Several
sugar isomerases such as the xylose isomerase, which
is also a (âR)8-barrel, catalyze a metal-dependent
hydride transfer.36 In contrast, the TIM mechanism
is based on general acid-base catalysis, and it has
been shown that four amino acid residues are im-
portant for the reaction. In the “classical” mechanism,
an asparagine and a lysine residue in loop â1R1 are
engaged in substrate orientation, whereas a histidine
residue in loop â4R4 and a glutamate residue in loop
â6R6 are directly involved in proton transfer steps.
The glutamate initiates the reaction by abstracting
a proton from carbon 1 of the substrate DHAP. The
negative charge that develops at the C-2 carbonyl
group is stabilized by a proton that is donated by the
histidine, which results in the formation of the ene-
diol intermediate. The histidine then abstracts a pro-

Figure 1. Schematic depiction of the (âR)8-barrel fold. (a) Representation of the eight âR-units and the loops that connect
the secondary structure elements within the units (Râ-loops) and between the units (âR-loops). (b) Three-dimensional
structure of a specific protein in ribbon representation, with the central eight-stranded parallel â-sheet (the “barrel”)
surrounded by the eight R-helices. The active site is formed by residues at the C-terminal ends of the â-strands and the
âR-loops (“catalytic face”). The remainder of the fold, including the opposite face of the barrel with the Râ-loops, is important
for stability. The N- and C-terminal ends of the polypeptide chain are labeled. Reprinted with permission from ref 17.
Copyright 2001 Elsevier. (c) Presentation of the four layers of the barrel from the catalytic face (top) to the stability face
(bottom). Each layer is formed by the side chains of residues from the four odd- or even-numbered â-strands, which point
to the interior of the barrel, leading to a 4-fold symmetric layer arrangement. The residues of a â-strand that are not
involved in layer formation point toward the neighboring R-helices (not shown).
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ton from the C-1 hydroxyl group, and the glutamate
adds a proton to carbon 2, yielding GAP and regen-
erating the enzyme (Figure 3).37

In the alternative “criss-cross” mechanism, all
proton transfer steps are catalyzed by the glutamate
while the developing negative charge on the substrate
is stabilized by two different oxyanion holes, which

are formed by the histidine and the lysine or the
asparagine, respectively.38,39 TIM is a remarkable
catalyst for various reasons. In the (nonphysiological)
direction from GAP to DHAP, it is a kinetically
perfect enzyme, whose turnover is limited only by the
diffusion-determined rate at which enzyme and sub-
strate encounter each other.37 Brownian dynamics
simulations suggest that kinetic perfection is achieved
through the steering of GAP by the local active site
electrostatic potential, which has a similar value in
various TIMs.40 Moreover, TIM promotes catalysis
and suppresses an undesired side reaction by a
controlled movement of the protein chain during
catalysis. In the absence of substrate, loop â6R6
interacts with the neighboring loop â5R5. Upon
substrate binding, it positions itself as a lid on top of
the active site, bringing the essential glutamate into
position for catalysis. As a consequence, the pro-
ductive protonation of the enediol intermediate is
105-fold favored over the nonproductive loss of its
phosphate group by â-elimination, which in solution
is >100-fold faster than the isomerization reaction.41

Remarkably, the equivalent loops â6R6 of the (âR)8-
barrels rubisco, inosine 5′-monophosphate dehydro-
genase, the R-subunit of tryptophan synthase (TrpA),
and phosphoribosyl anthranilate isomerase (TrpF)
also undergo conformational transitions upon ligand
binding.42-45 The vast information on the TIM reac-
tion mechanism was used in a computational design
approach, by which the catalytically inert and struc-
turally unrelated ribose-binding protein was turned
into an enzyme that is highly active as triose phos-
phate isomerase.46,47

The OMP decarboxylase is engaged in nucleotide
biosynthesis. It accelerates the interconversion of
OMP to UMP by a factor of 1017, which is higher than
for any other known enzyme.48 The two identical
subunits of the OMP decarboxylase homodimer con-
tact each other via their catalytic faces and are
related by a 2-fold rotation axis.49 At the C-termi-
nal ends of strands â2 and â3, each of the two
identical active sites harbors a charged network of
two lysine and two aspartate residues that are
conserved and crucial for catalysis.50,51 Extensive
investigations have focused on the enormous cata-
lytic proficiency of OMP decarboxylase,52 but sev-
eral of the hitherto proposed mechanisms seem
unlikely in the light of recently determined X-ray
structures of the four different OMP decarboxylases
in complex with various ligands.53 In a plausible
mechanism, the formation of a high-energy vinyl
carbanion is prevented by a bimolecular electrophilic
substitution in which carbon 6 is simultaneously
decarboxylated and protonated, with the conserved
lysine residue at the C-terminal end of strand â3
acting as the general acid. In this mechanism, the
negatively charged aspartate in strand â3 interacts
more favorably with the transition state than with
the substrate (Figure 4).49

Molecular dynamics simulations have related this
“ground state destabilization” to a distortion of the
protein conformation in the presence of OMP, which
would be relieved upon reaching the transition
state.53,54 This mechanism would explain how a

Figure 2. Distribution of chemical and biological functions
of (âR)8-barrel enzymes represented by concentric pie
charts. (a) Chemical classes. The numbers represent the
first level of the EC hierarchy. The empty sector represents
nonenzyme proteins. (b) Biological functions. Reprinted
with permission from ref 11. Copyright 2002 Elsevier.

Figure 3. “Classical” reaction mechanism of TIM, shown
in the physiological direction within glycolysis from left to
right. The substrate DHAP, the enediol intermediate, and
the product GAP are shown, together with the carboxylate
and imidazole groups of the essential glutamate and
histidine side chains. As the reaction proceeds, a proton is
transferred from carbon 1 to carbon 2.
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tyrosine and an arginine residue, which form hydro-
gen bonds with the phosphate moiety of OMP but are
far apart from the disappearing carboxylate group,
can contribute significantly to the rate enhancement
of the enzyme.55

Rubisco catalyzes the fixation of carbon dioxide
within the Calvin cycle of photosynthesis. This reac-
tion occurs in the chloroplasts of plants and is rate
limiting for hexose synthesis. Rubisco from plants is
a complex enzyme that is composed of eight large and
eight small subunits. Rubisco from photosynthetic
bacteria forms a simple homodimer. The structure
of its subunits is similar to the large subunit of the
plant enzyme. The large subunits are composed of a
â-sheet domain and a (âR)8-barrel domain that har-
bors the active site. The function of the small
subunits, whose central part folds into a four-
stranded antiparallel â-sheet covered on one side by
two R-helices,56 is unknown but seems to improve
catalysis in some still undefined way.57 In the first
step of catalysis, the carbon 3 atom of ribulose-1,5-
bisphosphate is deprotonated by the carboxylated
lysine. The double bond between carbon 2 and carbon
3 of the resulting enediolate starts a nucleophilic
attack onto the bound carbon dioxide, leading to an
unstable six-carbon â-ketoacid intermediate that is
hydrolyzed to yield two molecules of 3-phosphoglyc-
erate. A Mg2+ ion is bound to the catalytic center
through the side chains of a glutamate, an aspartate,
and a carboxylated lysine residue. It is crucial for
catalysis, because it stabilizes the enediol intermedi-
ate and orients it productively for its nucleophilic
attack onto carbon dioxide (Figure 5).

X-ray crystallography has shown that binding of a
transition state analogue induces the transition from
an “open” to a “closed” conformation, due to the
movement of loop â6R6 toward the active site. This
finding suggests that catalysis goes along with the
closure of the active site, which is accompanied by a
distinct shift in the position of the two phosphate
binding sites, leading to a shortening of the inter-
phosphate distance.42 Given this complicated reaction
mechanism, rubisco is a surprisingly inefficient cata-
lyst that fixes only about three molecules of carbon
dioxide per second. Moreover, it competes with the

nonproductive oxygenase side reaction that produces
phosphoglycolate and 3-phosphoglycerate. The low
turnover is compensated by the high concentration
of rubisco in the chloroplast stroma (250 mg/mL,
corresponding to an active site concentration of about
4 mM). Hence, rubisco represents about 50% of the
soluble protein in chloroplasts, making it the most
abundant enzyme on earth.

4. Stability

4.1. Structural Determinants of Stability
Numerous studies were performed to identify struc-

tural elements and individual amino acids that are

Figure 4. Plausible reaction mechanism of OMP decar-
boxylase. The substrate OMP (“ground state”), the proposed
transition state, and the products UMP and CO2 are shown,
together with the amino and carboxylate groups of the
essential lysine and aspartate side chains. As the decar-
boxylation reaction proceeds, a proton of the side chain of
the lysine residue is transferred to carbon 6 of the pyri-
midine. The ground state is destabilized by electrostatic
repulsion between the substrate carboxylate and the as-
partate carboxylate. This repulsion is reduced in the
transition state by shifting the negative charge from the
carboxylate to carbon 6. Reprinted with permission from
ref 49. Copyright 2000 The National Academy of Sciences.

Figure 5. Reaction mechanism of rubisco. Upper two
panels: The overall pathway from the substrate (ribulose-
1,5-bisphosphate) via the intermediates (enediolate and six-
carbon â-ketoacid) to the product (two molecules of 3-phos-
phoglycerate). Lower panel: The reactions take place on
the magnesium ion, which is complexed to rubisco through
a glutamate residue, an aspartate residue, and the car-
boxylated lysine. The nucleophilic attack of the enediolate
onto carbon dioxide is shown.
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crucial for the stability of (âR)8-barrels. In a recently
performed comprehensive search for potentially sta-
bilizing amino acid residues, the structures of about
70 (âR)8-barrel proteins were analyzed.58 Residues
were assumed to be important for stability, depend-
ing on their involvement in long-range interactions,
the hydrophobicity of their environment, and their
conservation. Almost 1000 stabilizing residues were
identified, which corresponds to about 5% of all
inspected positions. Most of the bona fide stabilizing
residues contribute to the eight-stranded â-sheet
(Figure 1), with about one-half oriented toward the
interior of the barrel and the other half oriented
toward the surrounding R-helices. In contrast, only
very few of the stabilizing residues were localized in
R-helices.

In an experimental search for amino acid varia-
tions that allow one to maintain the stability of the
(âR)8-barrel fold, about 180 out of the 250 sequence
positions within yeast TIM were randomized using
combinatorial mutagenesis.59 Catalytically active
TIM variants were isolated by functional selection.
The analysis showed that a subset of seven amino
acids (Phe, Val, Leu, Ala, Lys, Glu, and Gln) is a
sufficiently large reservoir to replace about 80% of
the randomized positions without losing the ability
to form a stable and catalytically active TIM. This
result suggests that a large fraction of the residues
in R-helices or âR-loops are highly mutable and
therefore are not crucial for stability. In contrast, the
disruption of a buried salt bridge and the exchange
of amino acids in the core of the â-barrel resulted in
inactive TIM variants, demonstrating that the opti-
mal packing of the central â-sheet is essential for the
formation of a stable (âR)8-barrel fold.

The application of knowledge-based potentials,
which contain information on the forces and energies
in proteins from high-resolution X-ray structures,
suggests that Râ-loops are more important for the
stability of the fold than âR-loops.60 This finding that
suggests a division of labor between the two faces of
the barrel (Figure 1) is supported by protein engi-
neering studies. For example, an artificial TrpF
protein with an internal duplication of the fifth âR-
module was enzymatically active, which proves that
it has a wild-type (âR)8-core.61 The duplicated seg-
ment was found to be inserted between strand â5 and
helix R5, suggesting that the neighboring loops R4â5
and R5â6 are important for the stability of the
structure. Along the same lines, a circularly per-
muted TrpF variant in which loop â6R6 was distorted
by the insertion of the newly generated N- and C-
termini was somewhat more stable and unfolded
more cooperatively than a variant in which the new
termini were inserted in the loop R6â7.62 However,
the analysis of active complexes between N- and
C-terminal fragments of TrpA indicates that the role
of âR-loops for stability has to be judged individu-
ally.63 Gene libraries comprising mixtures of ran-
domly digested N- and C-terminal fragments were
constructed, and clones expressing enzymatic activity
were isolated by functional selection. Some of the
catalytically active noncovalent complexes exhibited
either cleavage, duplication, or fragment overlaps in

loop R5â6. Moreover, a noncovalent complex between
the four N- and the four C-terminal (âR)-elements of
imidazoleglycerol phosphate synthase (HisF) was
stable and catalytically active, although it lacked an
intact loop R4â5,64 confirming that not all Râ-loops
are equally important for a stable (âR)8-scaffold.

4.2. Lessons from Thermostable Representatives
Important insights into the structural basis of the

stability of (âR)8-barrels were obtained by comparing
the X-ray structures of orthologous enzymes from
mesophiles and hyperthermophiles. Well-studied ex-
amples are TrpF and indoleglycerol phosphate syn-
thase (TrpC) from tryptophan biosynthesis, as well
as TIM. In most mesophiles, TrpF either forms a
monomer or constitutes the C-terminal domain in a
bifunctional TrpC-TrpF fusion protein.62,65 In con-
trast, TrpF from Thermotoga maritima is an ex-
tremely thermostable homodimer, in which the con-
tact interface between the two subunits is formed by
two long symmetry-related Râ-loops that protrude
reciprocally into cavities of the other â-barrel.66,67 The
intentional weakening of these interactions by short-
ening of the Râ-loops and by introducing electrostatic
repulsion at the 2-fold symmetry axis resulted in a
monomeric TrpF variant with wild-type catalytic
activity but drastically reduced thermostability.68

This result supports the postulated crucial role of Râ-
loops for the integrity of (âR)8-barrels61 and shows
that an increased oligomerization is one possible
strategy that allows proteins from hyperthermophiles
to fold and function at temperatures around the
boiling point of water.69,70 Analogously, TIM forms a
homodimer in eucarya, bacteria, and mesophilic
archaea but a homotetramer in hyperthermophilic
archaea.71-73 Interestingly, TIM from Thermoproteus
tenax, which forms an equilibrium between inactive
dimers and active tetramers, is less stable than TIM
from Pyrococcus woesei, which exclusively forms
tetramers.73-75 A different stabilization strategy is
used by the TrpC proteins from Sulfolobus solfatari-
cus and T. maritima. Both thermostable TrpC
homologues are monomers but contain many more
salt bridges (17) than the thermolabile TrpC from
Escherichia coli (10), which forms the N-terminal
domain of the bifunctional, monomeric TrpC-TrpF
fusion protein.65,76,77 However, only three out of the
17 salt bridges are topologically conserved between
the two thermostable homologues, the major differ-
ence being the preference for intrahelical salt bridges
in TrpC from T. maritima and for interhelical salt
bridges in TrpC from S. solfataricus (Figure 6).

Obviously, the stabilizing effect of salt bridges
depends on the sum of their individual contributions
rather than on their location. The disruption by site-
directed mutagenesis of a salt bridge that fixes the
N-terminus to the core of the (âR)8-barrel of TrpC
from T. maritima was less destabilizing than the
disruption of a second one, which serves as a clamp
between helices R1 and R8.78 This finding demon-
strates that individual salt bridges contribute differ-
ently to the thermostability of (âR)8-barrels.

The systematic analysis of X-ray structures and
comprehensive site-directed mutagenesis studies have
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shown that besides higher oligomerization states and
additional salt bridges, proteins from hyperthermo-
philes can be intrinsically stabilized by an increased
number of side chain-side chain hydrogen bonds, a
decreased fraction of thermolabile residues such as
glutamine and asparagine, an improved packing of
the hydrophobic core, disulfide bonds, and the opti-
mization of the global electrostatic potential.69,70,79-82

This knowledge was used to engineer stabilized (âR)8-
barrel proteins. In most known TIMs, the side chain
of a glutamate residue from loop R3â4 is completely
buried within the dimer interface and involved in a
conserved intersubunit hydrogen-bonding network.

In TIM from Leishmania mexicana, this glutamine
residue is replaced by a glutamate; therefore, the
hydrogen-bonding network is distorted to some ex-
tent. Establishing this network in L. mexicana TIM
by exchanging the glutamate for a glutamine residue
resulted in an increase of the melting temperature
from 57 to 83 °C, with practically unchanged catalytic
activity.83 In an attempt to stabilize the labile TrpC
domain of the TrpC-TrpF fusion protein from E. coli,
a variant linking residues 3 and 189 via a disulfide
bridge was generated, which fastens the N-terminal
extension of the protein to the core of the (âR)8-barrel.
The thermal inactivation of the variant with a closed

Figure 6. Distribution of salt bridges in the TrpC proteins from (a) T. maritima, (b) S. solfataricus, and (c) E. coli. The
(âR)8-barrel fold is drawn in green, and the N-terminal extension preceding strand â1 is drawn in yellow. Negatively
charged side chains are drawn as ball-and-stick models and colored red, and positively charged ones are colored blue.
Both TrpC from T. maritima and S. solfataricus have more salt bridges than TrpC from E. coli. Reprinted with permission
from ref 77. Copyright 2002 The American Society for Biochemistry and Molecular Biology.
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disulfide was 65-fold slower than that of the reference
dithiol form but only 13-fold slower than that of the
parental protein. The decreased reactivity of parental
buried cysteines with Ellman’s reagent indicates that
the stabilized variant with the closed disulfide is
rigidified,84 which might be responsible for its turn-
over number being decreased 4-fold as compared to
the reduced variant and 9-fold as compared to native
TrpC.

5. Folding
(âR)8-barrel enzymes have similar structures but

diverse amino acid sequences. They are therefore
well-suited for testing whether folding mechanisms
are dictated by the native topology or whether
conserved amino acids are essential for the formation
of crucial folding intermediates.85,86 Fragmentation
studies have suggested the existence of distinct
folding intermediates of (âR)8-barrel enzymes. For
example, TrpF from yeast forms a stable fragment
consisting of the N-terminal (âR)1-6 units, which
associates with the unstructured C-terminal (âR)7-8
units to form a functional complex.87 These findings
suggest a 6 + 2-folding mechanism, where the
prefolded (âR)1-6 module serves as a template for the
association and folding of the unstructured (âR)7-8
module. This model was supported by equilibrium
and kinetic studies on the unfolding of the isolated
TrpF domain from E. coli.88 However, in another
study, out of three different combinations of TrpF
fragments [(âR)1-2 + (âR)3-8; (âR)1-4 + (âR)5-8; and
(âR)1-6 + (âR)7-8)] coexpressed in vivo, only the
noncovalent complex of (âR)1-4 with (âR)5-8 yielded
a functional enzyme that was able to complement a
trpF deficiency strain.89 Moreover, upon coexpression
in vivo or joint refolding in vitro, the separately
produced (âR)1-4 and (âR)5-8 units of HisF from T.
maritima assembled to a catalytically fully active
noncovalent complex, which is in favor of a 4 +
4-folding mechanism.64 Along the same lines, the
separately produced N- and C-terminal halves of
chicken TIM assembled to a functional noncovalent
complex when refolded together from guanidinium
chloride.90 The 4 + 4-folding mechanism is also
supported by folding and unfolding studies with
rabbit muscle TIM, which were performed by a
combination of amide hydrogen exchange and mass
spectrometry.91 Whereas no unfolding intermediates
were detected in either kinetic or equilibrium experi-
ments, a highly populated refolding intermediate
could be identified. This intermediate is composed of
the folded C-terminal half of the sequence and the
unfolded N-terminal half. Taken together, these
findings indicate that TIM is composed of two half-
barrel domains, which are structured sequentially on
a 4 + 4-folding pathway to yield folded monomers,
which then dimerize to native TIM. The unfolding of
TIM was also studied by a native state exchange
analysis using misincorporation proton-alkyl ex-
change (MPAX).92 MPAX utilizes translational mis-
incorporation of cysteine residues to generate an
ensemble of proteins with single cysteine residue
substitutions, which are distributed throughout the
structure.93 When exposed to solvent, the cysteines

are alkylated by iodoacetamide, which prevents
cleavage of the protein backbone by 2-nitro-5-thio-
cyanobenzoic acid. Thus, the loss of cleavage products
over time reflects the rate of alkylation, which is a
measure for fractional unfolding of the region around
the incorporated cysteine. This technique identified
three structurally distinct unfolding intermediates of
TIM and supports a 3 + 3 + 2-folding pathway. The
various models for the folding of (âR)8-barrels are
compared in Figure 7.

It is not clear whether and how the proposed 6 +
2-, 4 + 4-, and 3 + 3 + 2-folding models can be fully
reconciled to generate a general model for the folding
of TIM barrel proteins. Indeed, comprehensive in-
vestigations of the equilibrium and kinetic folding of
TrpA from E. coli suggest that the folding process is
more complex than described by these models. Ac-
cording to those studies, folding of TrpA involves four
parallel pathways with on- and off-pathway sets of
intermediates. An obligate set of late on-pathway
equilibrium and kinetic intermediates comprises the
folded N-terminal (âR)1-3â4 fragment, which seems
to direct the folding of the remaining C-terminal
sequences.94-96 Much of the complexity of the folding
of TrpA is due to slow cis/trans prolyl isomerization
reactions, which control the interconversions between
the parallel pathways. Along these lines, the specific
replacement of several proline residues leads to a
simplified pathway in which refolding of more than
90% of the unfolded protein was no longer limited
by proline isomerization.97 Equilibrium and kinetic
simulations of TrpA folding confirmed the existence
of experimentally determined on- and off-pathway
intermediates, although they were unable to detect
parallel folding pathways resulting from prolyl isom-
erisation.98 A parallel pathway mechanism controlled
by proline isomerization has also been found for
fructose-1,6-bisphosphate aldolase from Staphylococ-
cus aureus.99 In a comprehensive study, the folding
of TrpC from S. solfataricus was analyzed and
compared to TrpA.86 These two evolutionarily related
(âR)8-barrels catalyze successive steps in tryptophan
biosynthesis, but their overall sequence identities are
insignificant.100 In TrpA, the fastest detectable fold-
ing event leads to the off-pathway intermediate,

Figure 7. Models describing the folding of (âR)8-barrels.
From left to right: 6 + 2, 3 + 3 + 2, and 4 + 4 model. Top
row: pie charts depicting (âR)-units that fold in a concerted
way; bottom row: examples for the various models. See the
text for details.
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which has to unfold before the obligate on-pathway
intermediate can form. In contrast, the burst phase
folding reaction of TrpC leads directly to its stable
on-pathway intermediate. Moreover, the folding of
TrpC is not complicated by cis/trans prolyl isomer-
ization reactions but follows a simple sequential
mechanism. Nevertheless, the stable folding inter-
mediates of both TrpC and TrpA represent similar
well-defined thermodynamic states that contain about
50% of the secondary structure and 25% of the buried
surface area of the respective native proteins.86 These
findings suggest that topology dictates the population
of similar folding intermediates in (âR)8-barrel pro-
teins, whose exact structures, however, are deter-
mined by the specific amino acid sequences.96

6. Design
The regular order of the (âR)-units and the overall

symmetry of the fold have prompted attempts to
design new (âR)8-barrels. Here, the reshuffling of
individual (âR)-units and the de novo design of a
(âR)8-barrel from first principles will be discussed.
Moreover, experimental evidence is presented sug-
gesting that the (âR)8-barrel fold evolved by the
fusion, mixing, and matching of (âR)4-half barrels.

6.1. Redesign and De Novo Design
Variants of TIM from yeast were constructed,

where the native order of (âR)-units (1-2-3-4-5-
6-7-8) was changed as follows: full-length proteins
with the orders (2-4-6-8-1-3-5-7) and (1-3-
5-7-2-4-6-8) as well as a half-barrel (2-4-6-8)
and a quarter-barrel (1-3) variant were generated.101

It was found that the (2-4-6-8-1-3-5-7) variant
is almost as stable as native TIM and is also
primarily dimeric as is the wild type, whereas the
other variants form higher order oligomers. More-
over, (2-4-6-8-1-3-5-7) possesses a comparable
amount of secondary structure as native TIM and
shields its tryptophan residues equally well from
solvent. Although it remains to be shown whether
(2-4-6-8-1-3-5-7) actually forms a regular (âR)8-
barrel, the results indicate that the fold can tolerate
profound alterations of strand-strand interactions
responsible for the creation of the central â-barrel
and the geometry of nonpolar side chains inside the
hydrophobic core.

The ultimate goal of enzyme design is to generate
de novo a polypeptide chain that folds into a prede-
termined three-dimensional structure with a given

function. Geometrical characteristics of (âR)8-barrels
have been parametrized in detail establishing the
theoretical basis for such an approach.102 However,
early attempts for the de novo design of (âR)8-barrels
generated sequences that at best are molten globules.
These contained a considerable amount of secondary
structure but did not fold into well-defined three-
dimensional structures.103-107 Important progress has
been achieved in a recent two-step approach, which
generated an idealized (âR)8-barrel protein of 216
residues.108 First, 10 different geometric parameters
were used to design an idealized artificial backbone,
which contained an eight-stranded â-sheet with 4-fold
symmetry surrounded by eight R-helices. The (âR)-
units were connected by short conserved Râ-turns.109

In the second step, an optimal amino acid sequence
fitting the idealized backbone was chosen with an
automated selection algorithm that systematically
searches side chain rotamer libraries (Figure 8).110

The designed protein was produced in E. coli by
expression of a synthetic gene, purified, and charac-
terized. Far-UV CD spectroscopy detected R-helical
structure, and the presence of a pronounced near-
UV signal indicated the immobilization of aromatic
side chains. The chemical and thermal unfolding
transitions were cooperative and yielded a high free
energy of stabilization (∆GH2O ) 35 kJ/mol) and a
high thermal stability (Tm ) 65 °C). Moreover, 1H
NMR provided evidence for specific interactions
between side chains. Together, these data suggest
that the designed protein adopts a well-defined three-
dimensional structure in solution. X-ray crystal-
lography or multidimensional NMR are now required
to show whether the artificial protein is a regular
(âR)8-barrel.

6.2. Mimicking the Evolution of the Fold

The (âR)8-barrel enzymes N′-[(5′-phosphoribosyl)-
formimino]-5-aminoimidazole-4-carboxamide-ribonu-
cleotide isomerase (HisA) and HisF catalyze succes-
sive steps in histidine biosynthesis. The amino acid
sequences and X-ray structures of HisA and HisF
from T. maritima show an internal 2-fold sym-
metry.111,112 The pairs of N-terminal halves (desig-
nated HisA-N and HisF-N) that consist of the first
four âR-units and the pairs of C-terminal halves
(designated HisA-C and HisF-C) that consist of the
last four âR-units show sequence identities between
16 and 26%, and RMS deviations of their main chain
nonhydrogen atoms between only 1.4 and 2.1 Å,

Figure 8. De novo design of a (âR)8-barrel. Representation (from left to right) of the â-barrel (red) and the surrounding
R-helices (blue) with idealized geometric parameters, which were connected by short structural motifs (grey). An automated
selection algorithm was used to find from different side chain rotamer libraries the amino acid sequence that was best
compatible with the defined main chain scaffold (green). Reprinted with permission from ref 108. Copyright 2003 Elsevier.
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respectively. When produced separately, HisF-N and
HisF-C are predominantly homodimeric proteins
with native secondary and tertiary structures but
without measurable catalytic activity. When coex-
pressed in vivo or refolded together in vitro, how-
ever, the two half-barrels assemble to a catalytic-
ally fully active HisF-NC heterodimer. These re-
sults suggest an evolutionary scenario according to
which a primordial gene coding for a (âR)4-half barrel
(as a subunit of a homodimeric enzyme) was dupli-
cated and fused in tandem to yield a monomeric,
ancestral (âR)8-barrel, from which HisF, HisA, and
other (âR)8-barrel enzymes may have evolved by a
series of further gene duplication and diversification
events.64 This evolutionary strategy was mimicked
by generating in vitro (âR)8-barrels from the (âR)4-
half barrel HisF-C (Figure 9).113 To this end, the gene
for HisF-C was duplicated and fused in tandem to
yield HisF-CC, which is more stable than HisF-C. In
the next step, a salt bridge cluster that is present in
the central barrel of native HisF was reconstructed
within HisF-CC by introducing two amino acid
exchanges, which yielded the monomeric and com-

pact (âR)8-barrel HisF-C*C. Furthermore, in an at-
tempt to construct (âR)8-barrels from different half-
barrels, the N- and C-terminal halves of HisA and
HisF were fused crosswise to yield the chimeric
proteins HisAF and HisFA. Whereas HisFA contains
native secondary structure elements but adopts ill-
defined association states, HisAF is a stable and
monomeric protein. These findings show that new
(âR)8-barrels can form by mixing and matching exist-
ing (âR)4-half barrels,114 which suggests a previously
undescribed dimension for the evolution of enzymatic
activities (Figure 9).113

When the Protein Data Bank was searched with
DALI (http://www.ebi.ac.uk/dali/) for structures simi-
lar to HisF-N and HisF-C, several members of the
flavodoxin-like fold family were identified.116 Four of
the five âR-units of the flavodoxin-like fold are
topologically equivalent to the four âR-units of HisF-N
and HisF-C while the fifth element corresponds to
an additional small two-stranded â-sheet that is
located in the first âR-loop of each half-barrel (loops
â1R1 and â5R5). These findings suggest that (âR)4-
half barrels are independently evolving units, a

Figure 9. Evolving (âR)8-barrels by duplicating and fusing, and mixing and matching (âR)4-half-barrels. Model of the
natural evolution of (âR)8-barrel enzymes from half-barrels (lower panel), and its experimental reconstruction (upper panel).
The primordial (âR)4-half-barrel was mimicked by HisF-C. The duplication of its gene and the subsequent fusion of the
daughter genes yielded the gene for HisF-CC, and the subsequent optimization of the interface between the two identical
halves resulted in HisF-C*C. HisF-C*C mimicks an ancestral (âR)8-barrel from which HisA and HisF might have evolved
by further gene duplication and diversification events. Recombination of (âR)4-half-barrels, mimicked by HisA-N, HisF-N,
HisA-C, and HisF-C, leads to new (âR)8-barrels, mimicked by HisAF and HisFA. Through further steps of duplication and
diversification, a repertoire of less symmetrical (âR)8-barrel enzymes evolved, which was extended by recombination. An
example is provided by the pro- and eukaryotic phosphoinositide-specific phospholipases C (PI-PLC).115 A comprehensive
database search suggests an evolutionary linkage between (âR)4-half barrels and the (âR)5-flavodoxin-like fold family.116

The analysis of sequences and structures of S-adenosyl-L-methionine (AdoMet) radical proteins suggests that the fold
evolved from a (âR)4-half barrel to a (âR)6-three-quarter barrel to a (âR)8-full barrel structure.117 Reprinted with permission
from ref 113. Copyright 2004 The National Academy of Sciences.
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conclusion that is further supported by an inspec-
tion of the structures of the phosphoinositide-spe-
cific phospholipases C (PI-PLC) and S-adenosyl-L-
methionine (AdoMet) radical proteins (Figure 9).115,117

The structures of the C-terminal halves of eukaryotic
and prokaryotic PI-PLCs are unrelated, whereas
their N-terminal (âR)4-half barrels, which contain all
catalytically essential residues, superimpose with an
RMS deviation of only 1.85 Å for 104 equivalent CR-
atoms.115 The members of the AdoMet radical protein
superfamily have three putative architectures, which
comprise four, six, and eight âR-units. The N-termi-
nal half or three-quarter barrels contain the elements
for radical generation, whereas the remainder of the
protein provides the determinants for the binding of
the different substrates that range in size from 10
atoms to 608 residue proteins. These findings led to
the conclusion that AdoMet radical proteins may
have evolved from a (âR)4-half barrel to a (âR)6-three-
quarter barrel to a (âR)8-full barrel structure.117 This
scenario would imply that (âR)2-units might consti-
tute the smallest evolving entity, which is in ac-
cordance with the observation that many (âR)8-
barrels contain a conserved Gly-X-Asp motif in loops
R1â2, R3â4, R5â6, and R7â8 but not in loops R2â3,
R4â5, and R6â7.11

7. Natural Evolution

7.1. Global Comparisons of Sequences and
Structures

The conserved location of the active site at the
C-terminal end of the central â-barrel within all
known (âR)8-barrel enzymes (“catalytic face”, Figure
1) as well as similarities of three-dimensional struc-
tures and amino acid sequences suggests that a large
fraction of the (âR)8-barrel enzymes have divergently
evolved from a common ancestor by gene duplication
and diversification.118-120 Along the same lines, the
recent releases of SCOP (http://scop.mrc-lmb.ca-
m.ac.uk/scop/) and CATH (http://www.biochem.ucl.
ac.uk/bsm/cath/) list 28 superfamilies and superfam-
ily-like H-level families, respectively, of (âR)8-barrels,
whose members presumably have a common evolu-
tionary origin. To detect evolutionary links between
these families, global comparisons of the known (âR)8-
barrel sequences and X-ray structures were per-
formed with an earlier version of CATH that con-
tained 21 homologous families.11 In the most con-
servative interpretation, which considers only sig-
nificant sequence similarities, six of the 21 families
were linked in one cluster and two families in
another. In the most speculative interpretation, how-
ever, which considers all detected similarities of se-
quences, global structures, phosphate binding motifs,
and location of catalytic and metal-binding residues,
17 families were linked in one large cluster. Most
remarkable similarities were detected between (âR)8-
barrels that use phosphate-containing substrates.
Members from four different superfamilies contain
a “standard phosphate binding motif”, which is
composed of residues that are located in strands â7
and â8 and in an additional helix R8′ that precedes
the regular helix R8. These residues are conserved

and superimpose with RMS deviations of only
1.2-2.2 Å. Members from seven other superfamilies
seem to bind the phosphate moieties of their sub-
strates at the same site or with similar geometry at
another site, which suggests that all phosphate-
binding (âR)8-barrels might be evolutionarily related.
Comprehensive amino acid sequence comparisons of
many (âR)8-barrels with phosphorylated substrates
lead to a similar conclusion.121

7.2. Comparisons within Selected TIM-Barrel
Families

Whereas global comparisons of structures and
sequences can provide insights into higher order
evolutionary networks, comparisons between closely
related representatives are required to understand
the mechanistic details of the divergent evolution of
(âR)8-barrels. Well-studied examples are the enolase10

and the amidohydrolase122 superfamilies (members
share a common reaction mechanism), the OMP
decarboxylase suprafamily13,123 (members share the
same overall structure of the active site without
similarities in reaction mechanism or substrate
specificity), and the phosphate-binding (âR)8-barrel
family of tryptophan and histidine biosynthesis (mem-
bers share a similar substrate specificity).120 These
groups are discussed here in some detail, because
they provide insightful examples of how existing
catalytic machineries or ligand binding pockets can
be used to establish new substrate specificities or
reaction mechanisms.

The members of the enolase superfamily consist of
a central (âR)8-barrel domain plus an R + â capping
domain that is formed from the N- and C-termini of
the protein.13 Whereas the capping domain deter-
mines substrate specificity, the barrel domain con-
tains the catalytic residues. All members of the
enolase superfamily catalyze a common partial reac-
tion, namely, the abstraction of the R-proton of the
carboxylate substrate catalyzed by a general base.
The resulting endiol intermediate is stabilized by a
Mg2+ ion, which is liganded by three acidic residues
that are located at the C-terminal ends of strands
â3, â4, and â5. The intermediates are then further
converted by unrelated mechanisms to different
products in the various enzymes. The enolase super-
family is divided into three major subgroups [enolase,
mandelate racemase (MR), and muconate lactonizing
enzyme (MLE); Figure 10]. The division is based on
the location and identity of the general base and acid
catalysts (Table 1).

In the isofunctional enolase subgroup, which con-
tains more than 600 identified members, a conserved
lysine residue at the end of strand â6 acts as the
general base, and a glutamate residue in loop â2R2
acts as the general acid. The hallmark of the MR
subgroup is a His(â7)-Asp(â6) dyad, which acts as
the general base. In addition, the active site contains
a general acid at the C-terminal end of either strand
â2, â3, or â5, depending on the identity and the
stereochemical course of the reaction. The MR sub-
group contains more than 400 identified members,
about half of which have been functionally assigned
as MR or one of the following acid sugar dehy-
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dratases: D-glucarate/L-idarate dehydratase (GlucD),
D-mannonate dehydratase (ManD), D-galactonate de-
hydratase (GalD), D-gluconate dehydratase (GlcD),
and L-rhamnonate dehydratase (RhamD). The vari-
ous acid sugar dehydratases catalyze syn- (RhamD)
or anti- (GalD, GlcD) dehydration reactions, in which
a proton is abstracted from carbon 2 and an OH
leaving group departs from carbon 3. The syn dehy-
dration requires a general base and a general acid
at the same face of the active site, whereas the anti
dehydration requires the general base and acid to be
located on opposite faces. A specific equipment with
catalytic residues makes GlucD functional promiscu-
ous in that it can catalyze both syn and anti dehy-
dration reactions, as the protons are abstracted from
carbons of opposite configuration when D-glucarate
or D-idarate are used as substrates.10,124

The members of the MLE subgroup contain at the
ends of strands â2 and â6 lysine (or arginine)
residues, one of which acts as the general base. This
subgroup comprises more than 300 identified mem-
bers, about half of which have been functionally
assigned as MLE (cycloisomerization reaction), o-
succinylbenzoate synthase (OSBS; dehydration reac-
tion), or L-Ala-D/L-Glu epimerase (AE Epim; 1,1
proton transfer reaction) (Figure 11a). Despite this
mechanistic diversity, the successful redesign of
substrate specificities and the occurrence of natural
catalytic promiscuities suggest that the members of

the MLE subgroup are closely evolutionarily related.
Along these lines, OSBS activity could be established
on the AE Epim and MLE II scaffolds by rational
design and directed evolution, respectively.125 Space
for the binding of the unnatural substrate was
created by replacing a single acidic residue at the
C-terminal end of strand â8 through a glycine (Figure
11b). The catalytic activities of the wild-type reac-
tions were decreased but still measurable.

The replacement obviously enables the OSBS sub-
strate to bind to the active sites of the MLE and AE
Epim variants, which is prevented in the wild-type
enzymes by steric and electrostatic repulsion. More-
over, OSBS is naturally promiscuous for catalyzing
the racemization of N-acylamino acids,126 because the
corresponding substrates can be productively bound
between the two catalytic lysine residues.127 The
efficiency of the promiscuous reaction was enhanced
with an N-amino acid substrate that is more similar
to the natural OSBS substrate.128

The members of the amidohydrolase (metallo-
dependent hydrolase) superfamily catalyze the hy-
drolysis of a wide range of substrates of tetrahedral
phosphorus and trigonal carbon centers.9,122 The
hallmark of this superfamily, which currently com-
prises more than 1000 identified members, is a
mononuclear or binuclear metal center (Zn2+ or Ni2+

or Fe2+) that activates the scissile bond of the
substrate for cleavage and a hydrolytic water mol-
ecule for nucleophilic attack. There are 16 nonredun-
dant X-ray structures of amidohydrolases available,
which reveal numerous variations in the identity of
the specific metal amino acid ligands (Figure 12).

Phosphotriesterase (PTE), dihydroorotase, urease,
iso-aspartyl dipeptidase, and hydantoinase contain
two Me2+ ions, which are complexed by four his-
tidines and one aspartate ligand from strands â1, â5,
â6, and â8.122 The Me2+ ions of the PTE subgroup
are bridged by a hydroxide ion and a carboxylated
lysine residue from strand â4 (Figure 12a), which in
the PTE homology protein has been replaced by
glutamate (Figure 12b). PTE shows a marked ste-
reoselectivity for pairs of chiral substrates, which
seems to be dictated by the orientation of the side
chains that form the substrate binding cavity and
could be enhanced, relaxed, and inverted by the
introduction of only a few amino acid exchanges.129,130

The N-acetyl glucosamine-6-phosphate (Figure 12d)
and the D-amino acid deacetylase (Figure 12e) con-
tain all ligands found in the PTE subgroup except
for the bridging carboxylate from strand â4, but the
histidine residues from strand â1 are not engaged
in binding of the single metal ion.131,132 Instead, a
cysteine residue in strand â2 acts as a ligand in the
D-amino acid deacetylase. In the adenosine and

Figure 10. Members of the enolase superfamily share a
common partial reaction: The R-proton of a carboxylic acid
is abstracted, and the resulting enolic intermediate is
stabilized by an active site Mg2+ ion. The reactions cata-
lyzed by the naming representatives of the major subgroups
enolase, mandelate racemase (MR), and muconate lacton-
izing enzyme (MLE) are shown.

Table 1. Hallmarks of the Enolase Superfamily

subgroup
location of Mg2+-

binding Glu or Asp reactions catalyzed
identity (location)

of general base
identity (location)

of general acid

enolase â3 + â4 + â5 enolase Lys (â6) Glu (loop â2R2)
MR â3 + â4 + â5 MR, sugar dehydration His(â7) - Asp(â6) LysXNa (â2)b

MLE â3 + â4 + â5 various (see Figure 11) 2 Lysc (â2 + â6)
a N ) Arg, Lys, Asp, Tyr, His. b In some cases, the general acid is located in strand â3 or â5. c The specific function of the

individual lysine residues is unclear in most cases; occasionally, one lysine is replaced by an arginine.
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cytosine deaminases, no bridging ligand and only one
divalent cation is present at the active site133 (Figure
12c). As a consequence, a histidine from strand â6 is
free to act as the general base for the activation of
water. In the human renal dipeptidase (Figure 12f),
the bridging lysine was replaced by glutamate on
strand â3, and one of the histidines from strand â1
was replaced by an aspartate.134

The examples of the enolase and amidohydrolase
superfamilies illustrate the plasticity of the active
sites of related (âR)8-barrels, where the mechanisms
of (partial) enzymatic reactions are retained while

substrate specificities and stereoselectivities diverge
in the course of evolution.

In other families of (âR)8-barrels, the substrate
binding pockets are conserved, while catalytic mech-
anisms have diverged. A prominent example is the
triad TrpF, TrpC, and TrpA, which belong to the
ribulose-phosphate-binding barrel superfamily as
defined by SCOP. These enzymes catalyze three
successive steps in tryptophan biosynthesis, involving
similar monophosphorylated substrates, and contain
the above-mentioned conserved standard phosphate-
binding motif at the ends of strands â7 and â8 and
helix R8′. Therefore, it is plausible that they evolved
from a common ancestor, although their reaction
mechanisms are diverse.100,120 The (âR)8-barrels HisA
and HisF bind similar biphosphorylated substrates
and, accordingly, contain an additional phosphate
binding motif at the ends of strands â3 and â4.112

Moreover, both enzymes use superimposable aspar-
tate residues at the C-terminal ends of strands â1
and â5 for acid-base catalysis of their reactions.45,135

The same aspartate residues are also essential for
the promiscuous HisA activity of HisF, supporting
divergent evolution from a common precursor.111 In-
terestingly, TrpF and HisA catalyze similar Amadori
rearrangements of aminoaldoses into the correspond-
ing aminoketoses. A combination of random muta-
genesis and selection in vivo revealed that the ex-
change of the essential aspartate in strand â5 by val-
ine was sufficient to establish TrpF activity not only
on the HisA but also on the HisF scaffold136,137 (Figure
13). The newly established catalytic abilities resulted
in an almost complete loss of the original activities.

Obviously, the removal of the negative charge
enables the binding of the TrpF substrate phospho-
ribosyl anthranilate to the active sites of HisA and
HisF, allowing its conversion into product by the
aspartate residue of strand â1.137 These findings
suggest an evolutionary network, which links the
histidine and tryptophan biosynthetic pathways.
Along these lines, a novel isomerase (PriA) was
recently discovered, which has a relaxed substrate
specificity that allows it to catalyze both the HisA
and the TrpF reaction (Figure 13).138,139 PriA is a
homologue of HisA, and further investigations are
necessary to explain why it is able to bind and
productively convert phosphoribosyl anthranilate
without removal of the aspartate residue at the
C-terminal end of strand â5.

The OMP decarboxylase (OMPDC) “suprafamily”
denotes a group of (âR)8-barrel enzymes whose simi-
larities in quaternary structure and active site ar-
chitecture suggest a common evolutionary origin,
although they catalyze mechanistically distinct reac-
tions in different metabolic pathways.140 The supra-
family comprises OMPDC, 3-keto-L-gulonate 6-phos-
phate decarboxylase (KGPDC), and D-arabino-hex-
3-ulose 6-phosphate synthase (HPS). OMPDC uses
a metal-independent reaction mechanism, which has
been discussed in section 3 (Figure 4). KGPDC and
HPS catalyze aldol condensation and decarboxylation
reactions, respectively, using Mg2+ to stabilize an
enediol intermediate that is derived from a ketose
phosphate substrate (Figure 14).

Figure 11. Extending catalytic activities within the MLE
subgroup of the enolase superfamily. (a) Substrates, inter-
mediates that are generated by the abstraction of the
R-proton, and products of the AE Epim, OSBS, and MLE
reactions. The indicated single amino acid exchanges are
sufficient to establish OSBS activity on the AE Epim and
the MLE scaffolds. (b) Upper panel: superposition showing
the overlap of Asp297 (blue space-filling model of the side
chain) in the active site of AE Epim (backbone represented
by blue sticks) with the OSBS product (red space-filling
model) in the active site of OSBS (backbone represented
by red sticks); lower panel: predicted effect of the Asp297Gly
exchange of AE Epim on removal of the structural overlap
between amino acid side chain and bound ligand. Reprinted
with permission from ref 125. Copyright 2003 American
Chemical Society.
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OMPDC and KGPDC are homodimers with a
conserved interface that carries two symmetry-
related active sites. An Asp-X-Lys-X-X-Asp motif
spans the homodimer so that the first Asp and the
Lys are found in one active site of the homodimer
and the second aspartate is found in the other active
site. Moreover, the substrates of the two enzymes are
found at nearly identical positions.140 Although the
X-ray structure of HPS is not yet available, model

building suggests that it shares the conserved Asp-
X-Lys-X-X-Asp motif at the active site. It was shown
that KGPDC and HPS are both naturally promiscu-
ous for the other reaction. Moreover, the HPS activity
of KGPDC could be improved by the exchange of
three to four conserved active site residues by those
conserved in HPS.141 The X-ray structures of wild-
type and altered KGPDC with bound HPS substrate
and KGPDC product provide a structural explanation
for both the natural promiscuity and the enhanced
HPS and the diminished KGPDC reaction catalyzed
by the active site variants.142

8. Directed Evolution

The (âR)8-barrel is a stable fold that carries highly
efficient and versatile active sites. As a consequence,
it has been selected by nature to catalyze an impres-
sive set of diverse reaction mechanisms. For these
reasons, (âR)8-barrels provide an ideal scaffold for
directed evolution. This technique mimicks natural
evolution by combining random mutagenesis with
screening or selection of enzyme variants with de-

Figure 12. Comparison of the six subtypes for the binding of one or two divalent cations (R,â) to the active site of enzymes
within the amidohydrolase superfamily. The subtypes are represented by (a) phosphotriesterase (red sphere is a hydroxide
ion), (b) phosphotriesterase homology protein, (c) adenosine deaminase, (d) N-acetyl glucosamine-6-phosphate deacetylase,
(e) D-amino acid deacetylase, and (f) renal dipeptidase. The numbers depict the â-strands to which the various metal-
ligating side chains belong. Reprinted with permission from ref 122. Copyright 2005 American Chemical Society.

Figure 13. Changing substrate specificities between
phosphate-binding (âR)8-barrel enzymes of histidine and
tryptophan biosynthesis. N-[(5′-phosphoribosyl)-formimino]-
5-aminoimidazole-4-carboxamide-ribonucleotide isomerase
(HisA) and phosphoribosyl anthranilate isomerase (TrpF)
catalyze Amadori rearrangements of phosphorylated ami-
noaldoses into the corresponding aminoketoses. Imida-
zoleglycerol phosphate synthase (HisF) catalyzes a ring
closure reaction, along with the cleavage of a carbon-
nitrogen double bond. The indicated single amino acid
exchanges are sufficient to establish TrpF activity on the
HisA and HisF scaffolds.136,137 PriA has a naturally relaxed
substrate specificity that allows it to catalyze both the HisA
and the TrpF reaction.138,139 The phosphorylated amino-
sugar moieties of the substrates and products are depicted
in green. Reprinted with permission from ref 14. Copyright
2005 Elsevier.

Figure 14. Reactions catalyzed by 3-keto-L-gulonate
6-phosphate decarboxylase (KGPDC) and D-arabino-hex-
3-ulose 6-phosphate synthase (HPS). Reprinted with per-
mission from ref 141. Copyright 2005 American Chemical
Society.
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sired new properties, which can be useful for applica-
tions in the chemical and pharmaceutical industry.6,7

Some examples of directed evolution have already
been discussed in the context of natural evolution in
section 7. Here, experiments will be presented that
led to increased turnover numbers and changes in
substrate specificities and stereoselectivities of (âR)8-
barrel enzymes.

8.1. Improving Catalytic Activities
A monomeric version of homodimeric TIM from

Trypanosoma brucei was generated by shortening of
loop â3R3.143 Its catalytic activity was improved by
directed evolution,144 following two different strate-
gies. First, randomization of loop â2R2 was performed
to reinforce intrasubunit interaction, thus compen-
sating for the loss of loop â3R3; second, random
mutagenesis of the entire gene was used. Interest-
ingly, both strategies led to amino acid exchanges at
neighboring positions, namely, the replacement of
alanine 43 by proline and the substitution of threo-
nine 44 by either alanine or serine. The characteriza-
tion by steady state enzyme kinetics of the two
activated variants revealed an 11-fold increase in kcat
and a 4-fold reduction in Km. This improvement in
catalytic efficiency is due to the stabilization of the
new loop â2R2.

The bacterial phosphotriesterase (PTE) degrades
highly toxic organophosphates that are commonly
used in insecticides and chemical warfare agents.
Gene libraries of PTEs were generated by DNA
shuffling145,146 and screened by cell surface dis-
play for the improved hydrolysis of methyl parathion.
The best variant displayed a 25-fold increased cata-
lytic turnover over the wild-type enzyme.147 It con-
tains seven amino acid substitutions, one of which
(His257Tyr) apparently reduces the size of the bind-
ing pocket, thus allowing better accommodation of
the small substrate.

Enzymes from hyperthermophilic organisms are
often barely active at room temperature, presumably
because efficient catalysis is impeded by conforma-
tional “freezing”.70 To test the relationship between
catalytic activity, conformational flexibility, and sta-
bility, a number of hyperthermophilic enzymes have
been activated by directed evolution. TrpC variants
from the hyperthermophile S. solfataricus with up
to 4-fold increased turnover numbers at 37 °C were
selected by a combination of random mutagenesis
and complementation in vivo of an auxotrophic E. coli
strain.148 The analysis with steady state and tran-
sient kinetics showed that product release is the rate-
limiting step in wild-type TrpC. In the activated
variants, product release is accelerated, and the
overall reaction is now limited by the chemical step
(Figure 15).

Similarly, â-glucosidase CelB variants of the hy-
perthermophile Pyrococcus furiosus were isolated149

that have up to 3-fold increased turnover rates for
the hydrolysis of p-nitrophenyl-â-D-glucopyranoside.
For both TrpC and CelB, the increased catalytic
activities seem to be due to increased overall flex-
ibilities, which were, however, achieved at the cost
of reduced thermostabilities. The xylose isomerase

(XylA) from Thermus thermophilus, whose larger
N-terminal domain folds into a (âR)8-barrel harboring
the active site, was made more active at low temper-
atures toward the substrates xylose and glucose. The
acquired amino acid exchanges were neither affecting
the substrate- nor the metal-binding site.150 Along
these lines, it was recently shown that residues
remote from the active site can be important for
catalysis and are detected more readily by directed
evolution than by rational enzyme design or compu-
tation.151 An already improved XylA variant from
Thermotoga neapolitana was subjected to directed
evolution in order to further increase its activity
toward glucose.152 As compared to the parent enzyme,
the resulting variants were better catalysts at low
temperatures and even more stable at elevated
temperatures. This result shows that an increase in
catalytic activity does not necessarily compromise
stability, supporting earlier findings that the struc-
tural determinants of activity and thermostability are
not necessarily linked.70,153

8.2. Changing Substrate Specificities and
Stereoselectivities

Microbial hydantoinases, which belong to the su-
perfamily of amidohydrolases122 (see section 7.2), are
widely employed for the commercial production of
optically pure D- and L-amino acids. The substrate
specificity of the thermostable and highly enantiose-
lective D-hydantoinase from Bacillus stearothermo-
philus is biased toward unsubstituted hydantoin and
is therefore not suited for the synthesis of com-
mercially important nonnatural D-amino acids with
aromatic side chains. Within D-hydantoinase, amino
acids of substrate-determining loops were substituted
by a combination of rational design and saturation
random mutagenesis.154 The turnover number for
aromatic substrates gradually increased as the size
of the amino acid side chain at the randomized
position in the loop decreased, apparently due to
removal of steric hindrance. Furthermore, saturation
random mutagenesis of two additional residues led
to a 10-fold increased turnover toward the aromatic
hydantoin derivative hydroxy-phenyl-hydantoin, prob-
ably due to a reorganization of the active site. The
enantioselectivity of L-hydantoinase from Arthro-
bacter aurescens is substrate-dependent, as D-5-
methyl-thioethyl-hydantoin is preferred over its L-
enantiomer. Single amino acid substitutions identified
by directed evolution experiments altered the enan-
tioselectivity of the enzyme in both directions.155 The

Figure 15. Minimal mechanism of the reaction catalyzed
by the indoleglycerol phosphate synthase (TrpC ) E). S is
1-(o-carboxyphenylamino)-1-deoxyribulose 5-phosphate. P
is indoleglycerol phosphate. For the reaction catalyzed by
native TrpC from S. solfataricus, the release of the product
(described by k5) is rate limiting. For the activated TrpC
variants, product release is accelerated and the chemical
step of the reaction (described by k3) becomes rate deter-
mining. Reprinted with permission from ref 148. Copyright
2000 American Chemical Society.
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observed effects were rationalized on the basis of the
X-ray structure of the wild-type enzyme.156 Whereas
the exchange Val154Ala increases D-enantioselectiv-
ity by offering more space for the D-5-methyl-thiol-
ethyl-hydantoin substrate side chain, the substitution
Ile95Phe increases L-enantioselectivity by increasing
the hydrophobicity close to the side chain of the
L-enantiomer.

Aldolases are important (âR)8-barrel enzymes that
catalyze with high enantioselectivity C-C bond
forming and C-C breaking reactions but display only
a limited substrate spectrum. By randomizing the
active site residues of E. coli 2-keto-3-deoxy-6-phos-
phogluconate (KDPG) aldolase, a variant with an
altered substrate profile was identified.157 The change
in substrate specificity was caused by a reorganiza-
tion of the active site, in which the essential lysine
was shifted from strand â6 (Lys133) to strand â7
(Lys161). The same enzyme was subjected to multiple
rounds of random mutagenesis and DNA shuffling,
and the resulting libraries were screened for variants
that are more efficient in accepting nonphosphory-
lated substrates, as well as for variants with altered
enantioselectivities regarding D- and L-sugars.158 The
effective substitutions were remote from the active
site and did occur in nonconserved sequence regions,
so that the mechanistic basis for the observed func-
tional changes remains unclear.158 The enantioselec-
tive cleavage reaction of N-acetylneuraminic aldolase
from E. coli was altered by directed evolution to
improve its ability to form L-sialic acid.159 All amino
acid substitutions were again found outside the active
site of the (âR)8-barrel. The X-ray structure of the best
second generation variant showed no significant
difference to the wild-type enzyme, demonstrating
that a small number of substitutions remote from the
active site can significantly affect stereoselectivity.159

9. Conclusion

The ever increasing amount of information on
amino acid sequences and three-dimensional struc-
tures of proteins allows us to compare enzyme folds
and functions in a comprehensive way. Such com-
parisons will lead to a deeper understanding of the
structural basis of enzyme catalysis, stability, folding,
and evolution and certainly will identify new en-
zymes with novel catalytic activities. The (âR)8-barrel
enzyme fold is particularly suitable to address these
questions, because it occurs frequently, is catalyti-
cally versatile, and harbors active sites with high
functional and structural plasticity. These properties
also make (âR)8-barrels an ideal scaffold for the
design of new catalytic activities, either by rational
design or by directed laboratory evolution.
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(14) Höcker, B. Biomol. Eng. 2005, 22, 31.
(15) Wierenga, R. K. FEBS Lett. 2001, 492, 193.
(16) Pujadas, G.; Palau, J. Biologica (Bratislava) 1999, 54, 231.
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